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Abstract. Scientific drilling expeditions offer a unique op-
portunity to characterize microbial communities in the sub-
surface that have long been isolated from the surface. With
subsurface microbial biomass being low in general, biologi-
cal contamination from the drilling fluid, sample processing,
or molecular work is a major concern. To address this, char-
acterization of the contaminant populations in the drilling
fluid and negative extraction controls are essential for assess-
ing and evaluating such sequencing data. Here, rock cores
down to 2250 m depth, groundwater-bearing fractures, and
the drilling fluid were sampled for DNA to characterize the
microbial communities using a broad genomic approach.
However, even after removing potential contaminant popu-
lations present in the drilling fluid, notorious contaminants
were abundant and mainly affiliated with the bacterial order
Burkholderiales. These contaminant microorganisms likely
originated from the reagents used for isolating DNA despite
stringent quality standards during the molecular work. The
detection of strictly anaerobic sulfate reducers such as Candi-
datus Desulforudis audaxviator suggested the presence of au-
tochthonous deep biosphere taxa in the sequenced libraries,

yet these clades represented only a minor fraction of the se-
quence counts (< 0.1 %), hindering further ecological inter-
pretations. The described methods and findings emphasize
the importance of sequencing extraction controls and can
support experimental design for future microbiological stud-
ies in conjunction with continental drilling operations.

1 Introduction

The concept of the deep biosphere was postulated by Thomas
Gold (Gold, 1992) as life in the oceanic and continental
subsurface plus subglacial lakes, with the continental deep
biosphere being estimated to consist of 2 to 6× 1029 cells
(Magnabosco et al., 2018). These cells are active, greatly in-
fluence surface life through biogeochemical cycling (Kieft,
2016; Amils et al., 2023), and include archaeal, bacterial,
and eukaryotic populations (Borgonie et al., 2015; Bell et
al., 2020, 2022) as well as viruses (Rahlff et al., 2021; Holm-
feldt et al., 2021; Engelhardt et al., 2014). Together with in-
filtration from the photosynthesis-driven surface (Osterholz
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et al., 2022), geogenic hydrogen and carbon dioxide from
the deep subsurface are the main energy sources for subsur-
face life (Pedersen, 2000). Research on the subsurface has
been enabled and accelerated by the use of springs (Suzuki
et al., 2014), artesian wells (Chapelle et al., 2002), boreholes
(Bomberg et al., 2016), mines (Magnabosco et al., 2016), and
dedicated underground laboratories (Boylan et al., 2019; Wu
et al., 2016). Genomic approaches have greatly increased un-
derstanding of microbial diversity in the continental subsur-
face and revealed a large proportion of diversity for which
the ecology is not fully understood (Hug et al., 2016).

Subsurface microorganisms inhabit groundwater-filled
fractures (Wu et al., 2017), are attached to minerals on the
rock surface (Casar et al., 2020), and reside in the pore space
of rocks as endoliths (Escudero et al., 2018). The pore space
in rocks provides these endolithic communities with a sur-
face to colonize, mineral nutrients, and moisture (Golubic
et al., 1981). Studies on endolithic communities emphasize
the importance of depth (Magnabosco et al., 2018), availabil-
ity of water and electron donors (Dai et al., 2021), and pore
space (Dutta et al., 2018) for microbial biomass and activity.
Many of these organisms are chemolithoautotrophs and ob-
tain energy through the oxidation of inorganic compounds,
such as sulfide, iron(II), and hydrogen (Lever et al., 2015b).
The majority of lithotrophs capture carbon dioxide through
the energy-demanding Calvin cycle, and this, combined with
the often energy- and nutrient-limiting conditions in the sub-
surface, limits microbial growth (Ghosh and Dam, 2009). Ex-
amples of these organisms previously identified in the sub-
surface are Thiobacillus denitrificans, which combines the
oxidation of sulfides with the reduction of nitrate (Beller et
al., 2006; Lopez-Fernandez et al., 2023), or Acidovorax sp.,
which couples the oxidation of ferrous iron to the reduction
of nitrate (Pantke et al., 2012; Escudero et al., 2020). Study-
ing the diversity and abundance of these endolithic communi-
ties would benefit the understanding of the microbial ecology
and biomass in the continental subsurface.

In general, biomass in the continental subsurface is low,
and hence contamination during field sampling or sample
processing is a major concern, especially when drill cores
are employed to retrieve the samples, as allochthonous pop-
ulations in the drilling fluid are introduced into the subsur-
face (Smith et al., 2000). With microbial biomass usually
being several orders of magnitude lower in the subsurface
compared to surface environments (Starnawski et al., 2017),
even the infiltration of a small volume of drilling fluid would
risk the sample being compromised and unusable for study-
ing microbial diversity. Consequently, contaminant popula-
tions introduced along with the drilling fluid need to be iden-
tified, and the magnitude of any such contamination needs to
be assessed prior to downstream ecological interpretations.
These contamination control methods often involve the in-
troduction of tracers in the drilling fluid such as fluorescent
microspheres or perfluorocarbon tracers that can be used to
assess drilling fluid infiltration into the rock core (Kallmeyer,

2017). Removal of such tracers from the drill core surface
through flaming allows one to minimize contamination of the
inner core (Lever et al., 2006). Tracer count of the core sur-
face can be combined with cell counts of the drilling fluid to
assess microbial contamination originating from the drilling
fluid. Furthermore, during molecular analyses, the typically
low biomass in the deep continental biosphere increases the
risk of detecting notorious reagent contaminants that would
cause erroneous conclusions about the nature of the micro-
bial community (Sheik et al., 2018; Salter et al., 2014). De-
spite the concerns regarding contamination, studies on this
vast biome are necessary for understanding the role of the
deep subsurface microbiome in carbon and nutrient cycling
and would contribute to the growing body of literature on the
continental subsurface.

Integration of subsurface microbiology into the work-
ings of the International Continental Scientific Drilling Pro-
gram (ICDP) raised several questions (Mangelsdorf and
Kallmeyer, 2010), including understanding subsurface bio-
diversity, interactions between the deep biosphere and geo-
sphere, and deep life as an analog for potential life on other
planets. Pursuing answers to these questions, two subsur-
face scientific drilling projects termed Collisional Orogeny
in the Scandinavian Caledonides (COSC-1 and COSC-2), lo-
cated in western central Sweden, were performed in 2014
and 2020 (Lorenz et al., 2015, 2022). Here, microorgan-
isms present in a hard rock environment were studied down
to 2250 m depth by sampling drill cores and groundwater-
bearing fractures during the COSC-2 drilling project (IGSN:
ICDP5054EH40001). The efficacy of the contamination con-
trol measures was evaluated by characterizing the microor-
ganisms in the samples of interest combined with those
present in the drilling fluid.

2 Results and discussion

2.1 Rock core samples

The aim of this study was to characterize the microbial
community in the pore space of subsurface rocks (n= 50)
and natural fractures (n= 29) covering various rock types
(Fig. 1). The drilling fluid was sampled (n= 50+29) simul-
taneously with the rocks and natural fractures (see Sect. 2.2)
to assess the efficiency of the decontamination methods.
The drilling fluid contained on average 335±396 cells mL−1

(mean±SD, n= 44, range 1–1554 cells mL−1). Based on
the fluorescent beads being extinguished during sample de-
contamination (Fig. 2), on average 98.9±3.3 % of these cells
were estimated to be destroyed by flame sterilization of the
core surface, and for 31 of the 44 cores, over 99.9 % of the
cells were destroyed.

Biases are introduced during both DNA extraction and
PCR amplification (Teske and Sørensen, 2008; Morono et
al., 2014). To address this, six extraction protocols were
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Figure 1. Location and lithology sampling site. (a) The COSC-2 borehole within Sweden (lat 63.3124◦ N, long 13.5265◦ E). (b) Temperature
profile and lithology according to depth. Points represent sampled natural fractures (n= 29), colored according to lithology. Drill cores were
sampled at 50 m intervals from 100 to 2250 m depth (n= 50), covering the various lithologies. Temperature increased linearly with depth,
ranging from 6.1 ◦C at the top to 52.3 ◦C at the bottom of the borehole. Temperature data from Lorenz et al. (2021).

Figure 2. Drilling fluid and contamination control. (a) Cell numbers in the drilling fluid over depth, quantified using fluorescence microscopy.
(b) Fraction of extinguished fluorescent beads using flame sterilization of the core surface. The number of beads was determined before
and after surface sterilization using fluorescence microscopy, and the higher the fraction of beads extinguished, the more successful the
sterilization procedure. At 750 m depth, an alternative method of adding the beads was used by immersing the core in a bead bath instead
of adding the beads to the drilling fluid due to adhesion of the beads to clay particles. (c) The estimated number of remaining beads after
sterilization by multiplying the cell number in the drilling fluid (a) by the fraction of intact beads (b).

tested using methods based on phenol-chloroform adapted to
low-biomass rock samples and commercially available kits
while maximizing input material (ground rock). To minimize
amplification bias, three different primer pairs were tested,
targeting both bacteria and archaea. Despite these measures,
none of the extracts from the cores contained detectable DNA
(< 0.05 ngµL−1). This suggested that surface sterilization of
the rock cores, to remove contaminants from the drilling
fluid, was successful as the majority of the cells from the
drilling fluid on the core surface were destroyed (Fig. 2)
and DNA could be isolated (in detectable quantities) from
the drilling fluid itself. Amplification of potentially extracted
DNA, targeting different regions of the 16S ribosomal RNA

gene using three primer pairs, also did not yield any prod-
ucts. Furthermore, whole genome amplification confirmed
the extremely low concentration of DNA as qPCR of the am-
plified product revealed that, based on similar quantification
cycles (Cq), the samples of interest and the negative extrac-
tion controls were indistinguishable. Whole genome ampli-
fication has previously been shown to amplify DNA from a
single cell (Braslavsky et al., 2003) and has been success-
fully employed on crystalline rock samples (Puente-Sánchez
et al., 2018). As previous studies have described microbes to
persist within the deep bedrock (Puente-Sánchez et al., 2014,
2018) and crystalline bedrock of the Fennoscandian Shield
(Purkamo et al., 2020), the lack of microbial cells in the rock
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samples scrutinized in this study underlines the influence of
local lithology on microbial abundance with pore space, the
presence of any electron donor, and the availability of wa-
ter as potential controlling factors. The cause of the observed
low biomass was likely a combination of these factors, es-
pecially given the variable lithology (Fig. 1). However, the
effect of the lithology on the biomass was not feasible for
prediction prior to field sampling as the expected lithology
from the siting differed from the drilled lithology (Lorenz et
al., 2022).

In addition to DNA extraction and amplification, cell num-
bers were determined using fluorescence microscopy. DNA
staining was observed in the shallowest rock samples (100–
150 m depth) and in the fault zone around 1300 m depth
(Fig. 3; Table 1). However, the presence of microorganisms
could not be confirmed by fluorescence in situ hybridization
with catalyzed reporter deposition (CARD-FISH) as the cor-
responding fluorescent signals were deemed unspecific. The
lack of a reliable signal could be due to (i) the extremely
low abundance of microbial populations; (ii) a low number
of ribosomes present in the cells, although this is unlikely
given the signal amplification capacity of the CARD method;
(iii) insufficient membrane permeabilization despite the use
of standard permeabilization methods for Gram-positive bac-
teria and archaea; or (iv) the presence of microbial pop-
ulations that fail to hybridize with the general bacterial
(EUB338 I–III) and archaeal (ARC915) probes even though
these probes have been reported as hybridizing with a high
proportion of microbial diversity (Moter and Göbel, 2000).
Given the low detection limit of the method (able to detect
single cells; Hoshino et al., 2008) and its widespread appli-
cation in low-biomass environments (Escudero et al., 2018;
Teske, 2005), an extremely low microbial biomass was the
most probable cause of the lack of a fluorescent signal.

2.2 Fracture samples

DNA was isolated from the groundwater-bearing fractures
(n= 7) occurring in a fault zone between 1200 and 1700 m
depth and their respective drilling fluid samples (n= 6).
Sequencing of the 16S ribosomal RNA gene yielded 2758
unique amplicon sequence variants (ASVs). Bacterial 16S
rRNA copy numbers were in the range of 103 to 105 copies
per gram fracture sample, while archaea were hardly detected
with copy numbers close to the lower detection limit of the
qPCR (Table 2).

The difference in composition between the microbial com-
munities in the drilling fluid compared to the fractures was
small but significant (permutational multivariate analysis
of variance, MANOVA; R2

= 0.17; p = 0.01). Removal of
ASVs detected in the negative extraction controls (n= 78)
and the drilling fluid (n= 1724) from the fracture sam-
ples reduced the sequence count in the latter by 52 % and
64 %, respectively (Fig. 4); 1304 ASVs were exclusively de-
tected in the fracture samples, representing 11 % of the se-

Table 1. Cell counts on selected drill cores. Microbial cells were
quantified using fluorescence microscopy combined with the DNA-
binding dyes DAPI and Syto-9. However, the presence of microor-
ganisms could not be confirmed by CARD-FISH (described in the
Results section).

Depth Lithology Cell count
(m) (g−1)

104 8.6× 103

112 2.9× 103

150 3.0× 103

200 Turbiditic greywacke 0
245 0
299 0
350 0
374 0

800 Alum shale 0

1298
Ignimbrites + volcanic porphyries

2.1× 105

1450 1.7× 104

1697
Dolerite

0
1800 0

2200 Ignimbrites + volcanic porphyries 0

quence counts, and after removing the contaminant popu-
lations from the fracture samples for downstream analysis,
the difference between the latter and the drilling fluid in-
creased (R2

= 0.32, p = 0.002). However, the composition
of the microbial community on the fracture surfaces (Fig. 4)
strongly suggested contamination due to a high abundance
of notorious reagent contaminants such as Ralstonia (36 % of
the sequence counts), Agrobacterium (4.7 %), Sphingomonas
(2.7 %), and Corynebacterium (2.2 %; Salter et al., 2014;
Sheik et al., 2018). Apart from Corynebacterium, these gen-
era were also detected in the negative extraction control, and
together these four genera comprise 46 % of all the sequence
counts. Removing contaminants based on taxonomy (e.g.,
genus) instead of ASVs would partially resolve this issue.
However, this led to only 306 ASVs (3.7 % of the sequence
counts) being retained compared to 1304 ASVs (11 %) when
using ASVs. Either way, both approaches indicated that the
dataset was predominantly comprised of contaminant clades
and was unsuitable for ecological interpretations. The high
abundance of contaminant populations was also reflected in
the qPCR data, with the gene copies in the fractures ranging
from 103 to 105 copies per gram, while the extraction con-
trols contained 103 copies per gram, giving a ratio as low
as 1 to 10 for six out of the seven samples. These contam-
inants, known to be notorious reagent contaminants, partic-
ularly in commercially available kits, were most likely in-
troduced during DNA extraction despite strict measurements
to prevent this. Most reagents used were of a high quality,
including molecular-grade phenol-chloroform, ethanol, and
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Figure 3. Fluorescence micrographs of microorganisms detected in drill cores at 112, 1298, and 1450 m depth. Microbial populations were
visualized with the DNA-binding dye Syto-9 (in green) with the reflection images in grey (mainly minerals). The presence of microorganisms
could not be confirmed with CARD-FISH as the fluorescent signals were deemed unspecific.

co-precipitant, suggesting that the contaminants originated
from either the column-based commercial kit used for pu-
rifying the DNA extract or the lysis solution, despite com-
bining sterile filtering (0.1 µm pore size) with autoclaving of
the latter. To better adapt the DNA extraction protocol to the
microbial biomass in the sampled environment, it could be
desirable to subsample material to be extracted in order to
quantify cell density (for example, using fluorescence mi-
croscopy) prior to starting molecular work.

Some taxa were more credible autochthonous populations
as they are strict anaerobes and have been described in the
deep subsurface, such as the sulfate reducers Pseudodesul-
fovibrio sp. or Candidatus Desulforudis audaxviator (Fig. 5).
The latter has been reported in a South African gold mine at
2.8 km depth (Chivian et al., 2008), an aquifer at 2 km depth

in Western Siberia (Karnachuk et al., 2019), and groundwater
at 755 m depth in California (Becraft et al., 2021). However,
as these taxa represent less than 0.1 % of the sequence counts,
ecological interpretations of the data were hindered. In gen-
eral, these observations emphasize the critical importance of
negative extraction controls, in addition to characterization
of the drilling fluid, to enable identification of contaminant
populations.
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Figure 4. Microbial community structure fracture samples. (a) Differentiation among microbial communities (beta diversity) prior to remov-
ing potential contaminants from the drilling fluid and the negative extraction controls. The labels depict the depth of the fracture in meters
below the surface (elevation field site 320 m). Beta diversity was estimated according to Bray–Curtis dissimilarities and visualized using
nonmetric dimensional scaling (NMDS). (b) Differentiation among microbial communities after removing ASVs in the drilling fluid from
the respective fracture samples plus ASVs in the negative extraction controls. As shared ASVs between fracture and drilling fluid samples
were excluded, the differentiation among these samples increased and, therefore, these samples were further apart. (c) Composition of the
microbial community after removing potential contaminant ASVs from the fracture samples, depicting the nine most abundant orders with
the remaining orders grouped as “Other”. The four most abundant orders were mainly represented by genera described as notorious reagent
contaminants such as Ralstonia (Burkholderiales), Sphingomonas (Sphingomonadales), Corynebacterium (Mycobacteriales), and Agrobac-
terium (Rhizobiales). The text below each bar depicts the depth (m) of the fracture. (d) Overlap among the microbial communities in the
fractures, drilling fluid, and negative extraction controls. The number of shared ASVs is followed by the abundance of these ASVs. For
example, 38 ASVs were detected in both the fracture samples and the controls, and these taxa comprised 52 % of the sequence counts in the
fracture samples.
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Table 2. Details of fracture samples. Bacterial and archaeal abundances in the DNA extracts were quantified using qPCR combined with
bacterial and archaeal primers targeting the 16S ribosomal RNA gene. The gene copies are presented as the average per-gram fracture
sample± standard deviation (SD) (n= 6). The fractures at 1268 and 1270 m depth shared a drilling fluid sample as these fractures were part
of the same drill core.

Sampling date Depth DNA fracture DNA drilling Bacterial gene Archaeal gene No. of ASVs No. of ASVs No. of ASVs
(m) (ngµL−1 g−1) fluid copies±SD copies±SD Total Drilling fluid Fracture∗

(ng µL−1 g−1) (g−1) (g−1)

29 May 2020 1268 < 0.05 0.15 2.5× 104
± 102 91± 1 507 351 424

29 May 2020 1270 < 0.05 0.07 1.2× 104
± 91 96± 1 234 351 133

31 May 2020 1311 < 0.05 < 0.05 2.9× 105
± 614 97± 1 447 194 342

15 June 2020 1537 < 0.05 < 0.05 3.5× 103
± 38 79± 0 25 161 22

28 June 2020 1605 < 0.05 0.12 2.7× 103
± 19 112± 3 324 650 197

28 June 2020 1608 < 0.05 0.55 2.5× 103
± 48 93± 2 98 176 65

2 July 2020 1669 < 0.05 0.16 2.2× 104
± 63 100± 3 105 1025 101

Extraction control < 0.05 ngµL−1 – 1.8× 103
± 284 – 76 – –

Extraction control < 0.05 ngµL−1 – 1.0× 103
± 99 – 9 – –

∗ Number of ASVs after removing the ASVs present in the drilling fluid.

Figure 5. Phylogenetic tree of selected ASVs in fracture samples. The tree was constructed using maximum likelihood on 16S rRNA gene
amplicons (V3–V4 region, approximately 420 base pairs). Numbers on the nodes depict bootstrap values, with values of 100 and 70 indicating
robust and moderate support, respectively. The number in the tip label shows the relative abundance with, for example, 2.7× 10−4, showing
that this ASV represents 0.027 % of all the sequence counts in the fracture samples. The ASVs included in the tree are unique to the fracture
samples; i.e., they were not detected in the drilling fluid or in the extraction controls.

3 Methods

3.1 Site description

The COSC-2 borehole (lat 63.3124◦ N, long 13.5265◦ E;
IGSN: ICDP5054EH40001) was drilled in an early Paleo-
zoic rock formation with an elevation of 320 m and located in

western central Sweden (Fig. 1). The top 780 m of the bore-
hole was turbiditic greywacke that was followed by 45 m of
sheared black shale. Underneath this shale zone, a sedimen-
tary basement cover comprising sandstones and conglomer-
ates extended downwards to 1250 m, followed by ignimbrites
and volcanic porphyries down to the total depth of 2276 m,
interrupted by dolerite intrusions between 1600 and 1930 m.
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Temperature increases linearly with depth with an increase
of approximately 2 ◦C every 100 m, starting at 5 ◦C at the
surface and rising to 55 ◦C at the maximum depth.

3.2 Field sampling

The sampling procedure and contamination control were de-
scribed in detail in Lorenz et al. (2022). Briefly, rock core
samples (n= 50) were obtained from 100 to 2250 m depth
at 50 m intervals. Samples were 20–30 cm in length and ei-
ther 61 mm in diameter for 100–1550 m depth or 45 mm in
diameter for 1600–2250 m depth. The drilling fluid was sam-
pled simultaneously with core recovery to characterize po-
tential contaminants introduced during the drilling operation.
The collected drilling fluid was subsampled (1 mL) for cell
counts, fixed with 2 % (vol / vol) formaldehyde, stored in the
dark at 4 ◦C, and transported to the home laboratory under
identical conditions. Fluorescent microspheres (AFN-09, Ra-
diant Color NV) were added to the drilling fluid at a concen-
tration of 107–108 beads per milliliter (stock concentration
1018 beads per milliliter) that enabled us to assess the suc-
cess of surface sterilization as the bead’s fluorescence was
extinguished when heated above 100 ◦C (Friese et al., 2017).
Samples were collected and transported to the on-site mi-
crobiology laboratory, where the surface of the rock samples
was briefly flame-sterilized to combust contaminants present
in the drilling fluid, as evidenced by the destruction of the
fluorescent microspheres. The number of beads on the core
surface was counted using an on-site fluorescence micro-
scope after sampling 2–3 g of surface fragments and com-
pared to the bead concentration in the drilling fluid at the
time of sampling. Surface sterilization was repeated until
at least 99.9 % of the beads on the core surface could no
longer be observed. At 750 m depth, an alternative strategy
was utilized by immersing the cores in a bead bath (107–
108 beads per milliliter) rather than by adding the beads to
the drilling fluid due to adsorption of the fluorescent micro-
spheres to clay particles. To do so, the bead concentration
was quantified by washing the core’s surface in a sterile plas-
tic bag with 15 mL sterile, ultrapure water after immersing
the core in the bead bath. This liquid was collected, brought
onto a filter, stained, and analyzed with an on-site fluores-
cence microscope both before and after surface sterilization
of the drill core. The core and the drilling fluid samples were
stored on-site at −80 ◦C and transported on dry ice to the
home laboratory, where they were kept at −80 ◦C until fur-
ther processing.

In addition to the core samples, natural fractures were
sampled (n= 29) by collecting 2–3 g material surrounding
the fracture using either flame-sterilized forceps or a chisel;
10 mL of sterile, ultrapure water was added to the mate-
rial before storing the sample at −80 ◦C. Identical to the
core samples, the drilling fluid was sampled simultaneously
to sampling the fracture. Rock samples (2–3 g) for CARD-
FISH were taken from the inner core, fixed in 4 % (vol / vol)

formaldehyde in Mackintosh minimal media, and stored on-
site at 4 ◦C before being placed at −20 ◦C once back at the
home laboratory.

3.3 Cell counts

Fluorescence microscopy was used to quantify the cells
in the drilling fluid. To do so, 1×TE buffer (molecular
grade, pH 8.0) was added to the fixed sample to a final
volume of 10 mL, and this volume was brought onto a
polycarbonate black membrane (pore size 0.22 µm, What-
man) at a pressure of 10–15 kPa and placed in a sterile
Petri dish to dry. Meanwhile, a staining solution was pre-
pared consisting of 30 % 100×SYBR Green I (Invitrogen),
10 % 10 g L−1 p-phenylenediamine (sterile-filtered, pore size
0.1 µm), and 60 % 1 : 1 glycerol in phosphate-buffered saline
(PBS) (sterile-filtered, pore size 0.2 µm); 10 µL of the so-
lution was brought onto a glass slide and cover slip before
adding the filter and letting it incubate in the dark for 5 min.
Finally, 300 cells or 10 fields of view (5× 5 raster) were
counted in the dark using a 100-fold objective on an epifluo-
rescence microscope (Olympus BX50) combined with a light
source (Olympus) that illuminated the DNA–dye complex at
a wavelength of 497 nm.

3.4 CARD-FISH

Rock fragments were aseptically ground to sand grain size
with a mortar and pestle. The ground rock was covered with
0.2 % (wt / vol) agarose, dried at 37 ◦C, dehydrated with ab-
solute ethanol, and stored at −20 ◦C. To account for autoflu-
orescence and false positives, each sample was screened with
fluorescence microscopy to select suitable fluorophores to
avoid mineral interference. Additionally, controls were car-
ried out using the Non338 probe combined with multiple flu-
orophores and DNA-binding dyes (DAPI and Syto-9) on ster-
ilized rock fragments by acid wash and overnight incubation
at 120 ◦C. More detail on the negative controls is provided in
Escudero et al. (2018).

Hybridization, counter-staining, and mounting of the sam-
ples were performed as described in Pernthaler et al. (2008)
using the probes EUB338 I–III (Amann et al., 1990; Daims et
al., 1999), ARC915 (Stahl and Amann, 1991), and Non338
(Wallner et al., 1993). Endogenous peroxidases were inac-
tivated using the protocol from Ishii et al. (2004). Sam-
ples were imaged using a confocal laser-scanning micro-
scope (LSM710, Zeiss) coupled to an inverted platform
(Axio Observer, Zeiss) and equipped with diode (405 nm),
argon (458/488/514 nm), helium (543 nm), and neon lasers
(633 nm). Images were collected using a 63-fold/1.4 oil im-
mersion lens. Only the signals that matched the spectrum of
the specific fluorophore were considered positive signals.
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3.5 DNA extraction and amplification

Twelve rock samples covering all the lithologies (Fig. 1)
were subsampled using a flame-sterilized hammer and chisel
(ASC Scientific) on a metal benchtop that was sterilized with
both bleach and 70 % ethanol. Subsamples were taken from
the inner core, avoiding the outer 10–20 mm of the core to
reduce potential contamination introduced during field sam-
pling. Several subsamples were prepared simultaneously to
avoid repeated freeze–thaw of the original sample. The rock
fragments were ground using a flame-sterilized percussion
mortar and pestle (ASC Scientific) and stored at −20 ◦C
until DNA extraction. To verify whether the processing of
the rock fragments did not hinder downstream work, a pos-
itive control was carried out by adding 109 cells of Pseu-
domonas aeruginosa to sterilized rock fragments prior to
grinding the material, while flame-sterilized rock fragments
served as a negative control. Extractions were performed in
a room dedicated to extraction of nucleic acids while work-
ing in a fume hood that was sterilized with both bleach and
70 % ethanol. A maximum of eight samples (including con-
trols) were extracted simultaneously, and the reagents were
aliquoted according to the volume needed for processing the
specific number of samples. For all the methods described,
the reagents used were molecular grade, and all plastic con-
sumables (tips, centrifuge tubes) were PCR grade and placed
for 10 min in a UV hood before moving the material to the
fume hood. Glassware was baked at 160 ◦C for 3 h, and the
lysis solution was filter-sterilized (0.1 µm pore size) prior to
autoclaving. The autoclave was cleaned prior to use and filled
with fresh deionized water. After each extraction, the DNA
yield was measured using a Qubit 2.0 fluorometer (Life Tech-
nologies) with a lower detection limit of 0.05 ngµL−1. As
detectable amounts of DNA were not to be expected due to
the low biomass, the DNA extracts subsequently served as
a template in a PCR with 34 cycles using the primer pair
341F–805R (Herlemann et al., 2011, product length approx-
imately 450 bp). To account for the potential fragmented na-
ture of the DNA, PCR was also run using the bacterial primer
pair 908F–1075R (Ohkuma and Kudo, 1998) covering a tar-
get region of approximately 170 bp. The archaeal primer pair
915F–1059R (Yu et al., 2005) was used to check for the po-
tential presence of archaea. The three PCRs served as screen-
ing for potentially isolated DNA.

Initial attempts to extract DNA used the FastDNA Spin kit
for soil (MP Biomedicals), DNeasy PowerSoil kit (Qiagen),
and the DNeasy PowerMax Soil kit (Qiagen). The latter was
attempted due to the large amount of input material (10 g).
According to the manufacturer’s instructions, the final elu-
tion volume was 5 mL, and this volume was concentrated to
50 µL using the DNA/RNA Clean All kit (Norgen Biotek).
Due to potential adsorption of DNA to particles, an extraction
protocol was designed according to Lever et al. (2015a) us-
ing 10 g of ground rock. Briefly, this protocol included a py-
rophosphate wash (200 mM) prior to cell lysis (50 ◦C for 2 h),

chemical lysis based on a lysis solution (pH 10) containing
800 mM guanidium-HCl, 30 mM ethylenediaminetetraacetic
acid (EDTA), 0.5 % Triton X-100, and 30 mM Tris-HCl,
1 min of bead beating using the rock fragments as beads, pu-
rification using phenol–chloroform–isoamyl alcohol (pH 8.0)
combined with phase-lock tubes (Qiagen), a chloroform–
isoamyl alcohol wash, and precipitation overnight at −20 ◦C
using ethanol NaCl combined with linear polyacrylamide as
a co-precipitant. The obtained pellet was dried, washed with
70 % ethanol, dissolved in 100 µL nuclease-free water, and
purified using the DNA/RNA Clean All kit (Norgen Biotek).
Finally, the nucleic acids were eluted in 35 µL nuclease-free
water and used as a template for whole genome amplifica-
tion (described below). To increase the input material for
DNA extraction even further, 100 g of ground rock from two
cores was washed while shaking (300 rpm) with 250 mL 1 M
phosphate buffer (pH 7) for 1 h at room temperature. The su-
pernatant was decanted and filtered using a membrane filter
(0.1 µm pore size, 45 mm in diameter) combined with a vac-
uum source to capture the cells. The membrane was directly
subjected to DNA extraction using the DNeasy PowerWa-
ter kit (Qiagen), adjusting the elution volume to 50 µL. The
negative extraction control was 250 mL of an identical buffer
without any rock added and subjected to identical down-
stream processing.

Fracture samples (n= 29) were extracted using the cus-
tom protocol based on Lever et al. (2015a) described above,
adding the entire sample (2 to 3 g). The paired drilling fluid
samples (n= 28) were extracted by bringing 30 mL of the
fluid onto a membrane filter (pore size 0.1 µm) using a vac-
uum source. The filter served as input for the DNeasy Pow-
erWater kit (Qiagen), following the manufacturer’s instruc-
tions except for eluting the nucleic acids in 50 µL instead of
in 100 µL. The DNA concentrations of the fracture samples
were all below the detection limit (0.05 ngµL−1), while the
drilling fluid isolates contained 0.1–1.1 ngµL−1. PCR am-
plification (34 cycles, primer pair 341F–805R) resulted in a
product for 7 out of 29 fracture samples. These amplified
products and those from the respective drilling fluid sam-
ples were sequenced on an Illumina MiSeq platform at the
Science for Life Laboratory, Sweden, generating 2× 300 bp
paired-end reads. Two negative extraction controls were sub-
jected to identical processing, including amplification, and
added to the sequencing project.

3.6 Whole genome amplification and PCR screening of
amplified DNA

Rock DNA extracts were amplified with the Repli-g Sin-
gle Cell kit (Qiagen) following the manufacturer’s protocol
with minor adaptations. DNA amplification was done in 384-
well plates to allow for small reaction volumes and in 96-
well plates for larger volumes. The plates were UV-treated
with 2 J while covered with an optical sealing, and used the
same day. Plastic consumables, lysis buffer, neutralization
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reagent, and nuclease-free water were UV-treated with 2 J
directly prior to use and kept on ice. For 10 µL reaction vol-
ume, 1 µL of template was lysed with 0.5 µL D1 and neu-
tralized with 0.5 µL N1. For 50 µL reaction volume, 2.5 µL
template was lysed with 2.5 µL D1 and neutralized with 5 µL
N1. Lysis was done at 95 ◦C for 15 s, followed by 5 min
at room temperature before reactions were placed on ice;
0.5 µM SYTO 13 (Invitrogen) was added to the amplification
mix as a reporter dye. The amplification was run at 30 ◦C for
8 h with fluorescence readings every 15 min on a qPCR ma-
chine (CFX384 C1000, Bio-Rad) or plate reader (FLUOStar
Omega, BMG LABTECH). The reactions were inactivated
at 65 ◦C for 5 min and then stored at −20 ◦C. The ampli-
fied DNA was diluted up to 1000-fold and screened with the
341F–805R primers targeting the bacterial 16S rRNA (Her-
lemann et al., 2011). The PCR was run with LightCycler 480
SYBR Green I Master mix (Roche), primers at a final con-
centration of 0.25 µM, and 2 µL of diluted amplified DNA in
a reaction volume of 10 µL on a LightCycler 480 (Roche).
Amplification settings were 3 min at 95 ◦C, 40 cycles of 15 s
95 ◦C, 30 s 57 ◦C, and 45 s at 72 ◦C, followed by a melting
curve.

3.7 Real-time PCR

Microbial abundance was assessed by quantifying the 16S
ribosomal RNA gene copies using real-time PCR (qPCR)
on a LightCycler 480 (Roche Diagnostics). The reaction
volume (10 µL) consisted of 5 µL Platinum SYBR Green
qPCR SuperMix-UDG with ROX (Thermo Fisher Scien-
tific), 0.4 µL 10 µM primer, 3.2 µL nuclease-free water, and
1.0 µL template. Bacterial and archaeal gene fragments were
amplified using the primers 908F_mod/1075R (Ohkuma and
Kudo, 1998) and 915F/1059R (Yu et al., 2005), respectively.
Cycling conditions were 2 min at 95 ◦C, 40 cycles of 15 s at
95 ◦C, and 30 s at 60 ◦C, followed by a melt curve analysis
to assess product specificity. Standard curves were generated
with a dilution series of purified PCR product using genomic
DNA of pure cultures as template (i.e., Acidiphilium cryp-
tum JF-5 for bacteria and Ferroplasma acidiphilum BRGM4
for archaea). Standards, samples of interest, and no-template
controls were run in triplicate, and the former two were 1 : 10
diluted in nuclease-free water to account for inhibition of the
polymerase. The gene copy numbers were reported in gene
copies per gram after correcting for the mass of the rock used
for DNA extraction and the elution volume. Reaction effi-
ciencies for the bacterial and archaeal assays were 95 % and
96 %, respectively. A minimum number of three quantifica-
tion cycles (1Cq) between samples and no-template controls
were maintained as a limit of detection.

3.8 Bioinformatics and reproducibility

Raw sequencing reads from the 16S ribosomal RNA gene
amplicons (n= 13) were processed using the ampliseq

pipeline (v2.3.0; Straub et al., 2020) from the nf-core frame-
work that relied on Nextflow (v21.10.6), Cutadapt (v3.4),
FastQC (v0.11.9), DADA2 (v1.22.0), and the SBDI Sativa
curated 16S GTDB database (release 207; Lundin and An-
dersson, 2021). The ampliseq pipeline was run with default
settings, except for the trimming of the primers, whereby
reads not containing the primer sequence or containing dou-
ble copies were discarded from downstream analysis. ASVs
present in the drilling fluid were removed from their respec-
tive fracture sample. For example, the ASVs detected in the
drilling fluid taken at 1605 m depth were removed from the
fracture sampled at the same depth (Table 2). By doing so,
62 % of the total sequence counts were removed from the
fracture samples. ASVs present in the negative extraction
controls (n= 76) were also excluded from downstream anal-
ysis. Absolute counts were standardized within a sample to
relative abundances by dividing an ASV count by the total
number of counts within a sample. The phylogenetic tree was
constructed according to maximum likelihood while using
the R libraries phangorn and ape (Paradis and Schliep, 2019;
Schliep, 2011). The substitution model (GTR + G + I) was
selected based on the Akaike information criterion. The phy-
logeny was evaluated by bootstrapping (n= 1000). Statistics
and data visualization were performed using R (v4.2.1).

4 Conclusions

The goal of this study was to characterize the subsurface
microbial community in the pore space of rocks and natu-
ral fractures by extracting DNA to be used for constructing
sequencing libraries combined with quantification of micro-
bial abundance using CARD-FISH. The difficulty with ex-
tracting nucleic acids and the lack of a fluorescent signal in
the CARD-FISH analysis both indicated an extremely low
microbial biomass in the sampled drill cores. In contrast,
DNA was isolated from groundwater-bearing fractures, al-
though ecological interpretations of the microbial communi-
ties in these fractures were compromised due to a high abun-
dance of notorious contaminant genera. These contaminant
populations could not have been identified without sampling
the drilling fluid and implementing negative extraction con-
trols. The presence of strict anaerobic sulfate-reducing bacte-
ria that have been described as autochthonous deep biosphere
microorganisms suggested that subsurface microorganisms
were present in the fractures. The method to trace contam-
ination by adding fluorescent beads to the drilling fluid was
evaluated as successful. Not only did it allow us to assess
the success of surface sterilization, but it also allowed fluo-
rescence microscopy on rock fragments taken from the in-
ner core to quickly check whether any microspheres were
present, indicating contamination. Finally, in addition to the
drilling fluid, the source of the drilling fluid (in this case a
nearby freshwater lake) could be sampled at the water inlet
to better discriminate potential contaminant populations.
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